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Microtubule-associated proteinIn this article, we will summarize recent progress in understanding the mechanical origins of rigidity, strength,
resiliency and stress transmission in the MT cytoskeleton using reconstituted networks formed from puriﬁed
components.We focus on the role of network architecture, crosslinker compliance and dynamics, and molecular
determinants of single ﬁlament elasticity, while highlighting open questions and future directions for this work.
© 2015 Elsevier B.V. All rights reserved.1. Introduction
The transmission and generation of forces within the cell are critical
for numerous biological processes, acting as mechanical signals that
control motility, division, differentiation and death [1,2]. It is known
that cells detect physical interactions using anchored proteins that
shift conformation under force, revealing or creating novel binding
sites [3,4]. These changes promote the recruitment of additional pro-
teins (e.g., signal transduction or cytoskeletal proteins) that then further
propagate the mechanical information throughout the cell [5]. There
has been substantial progress in identifying and characterizing such
molecular mechanosensors, however, the mechanisms by which such
locally generated forces and signals connect to tissue and organism
function remain poorly understood [6–10]. One effective route of force
transmission control is achieved through spatiotemporal reorganization
of the cytoskeleton, and it is clear that even individual cytoskeletal ﬁla-
ments can play critical roles in transmitting stress over cellular length
scales (Fig. 1) [11–15].
Here, we focus on stress transmission within the microtubule (MT)
cytoskeleton, which is unique in both its extreme stiffness and in its abil-
ity to rapidly reorganize by dynamic growth and shrinkage [16–19]. In
cells, MT organization and dynamics are important for myriad biological
processes, ranging from forming and maintaining neural growth cones
and axonal bundles [20,21], to axonal branching and neural pathﬁnding
[22,23], to the ﬂow of actin in motile and developing cells [24,25], to the
regulation of protein synthesis [26]. MTs maintain parallel MT bundles
in development to form themitotic spindle in the early stages of cell divi-
sion, and in later stages of mitosis, MT-mediated mechanical signals. Valentine).control the synchronous separation of chromosomes and cleavage furrow
localization to form the two daughter cells [27]. In interphase, MTs form
sparse networks that project radially outward from the nucleus providing
essential tracks for intracellular transport by kinesin and dynein motor
proteins [28–31]. And, in the lamellae, MTs and actin ﬁlaments interact
to promote dynamic network growth andmotility [32–35]. The mechan-
ical properties of MTs are critical to these functions: MTs in cells have
been observed to bend and buckle [36], and modeling has shown that
their ﬂexural rigiditymust be included to accurately describe cytoskeletal
networks in cells [37]. In many cases, MT-mediated mechanical stress is
an important signaling mechanism: tension promotes MT outgrowth at
focal adhesion sites [38], regulates MT turnover and organization
[39], and silences spindle assembly checkpoints to enable cell cycle
control [40].
In contrast to the many open questions regarding the detailed rela-
tionships between MT mechanics and function on the cellular level,
the gross structural properties of individual microtubules and their dy-
namic assembly process are reasonably well understood [41,42]. MTs
self-assemble from dimers of α- and β-tubulin, given the appropriate
pH, temperature and the presence of Mg2+-GTP. The assembly process
starts when dimers assemble head-to-tail into protoﬁlaments that rap-
idly polymerize laterally to create a hollow tube with inner diameter
di ~ 12 nm and outer diameter do ~ 25 nm. The growth is polar: the
fast growing MT end (the ‘plus’ end) terminates in β subunits while
the slowly growing (‘minus’) end terminates in α subunits. Each
dimer is a catalytically active GTPase, and in solution, each subunit
binds GTP tightly. After addition to the polymer, the β subunit hydro-
lyzes its GTP, inducing a slight bend in the dimer that tends to destabi-
lize the ﬁlament as the lowest energy conformation is now splayed
slightly away from the ﬁlament axis. If the rate of dimer addition ex-
ceeds that of hydrolysis, then a ‘cap’ of GTP-rich tubulin dimers remains
Fig. 1. Schematic of force transmission within a tissue. Here, a magnetic or dielectric bead is coupled to the outermembrane of an animal cell through a transmembrane protein that con-
nects directly to the cytoskeleton (i.e., via an integrin binding site).Magnetic or optical tweezers are used to apply forces to the bead,which in turn stretches, bends and (in the limit of very
large forces) breaks the entangled and crosslinked ﬁlaments inside the cell. The ﬁlament rigidity and crosslinking allow forces (represented by red shading) to be transmitted over large
length scales, and in some cases, to other cells.
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MT depolymerization. If the rate of hydrolysis is faster, then the cap
length shrinks to zero, and the ﬁlament quickly disassembles. This pro-
cess, called ‘dynamic instability’ allows rapid reorganization of the MT
cytoskeleton and is critical to the formation and function of the mitotic
spindle, and numerous other biological processes [19].
The large ﬁlament diameter imparts extremely high stiffness to the
polymericmicrotubule. The average contour length varies but is typical-
ly of order ~1–10 μm, whereas the persistence length Lp (the average
length over which the ﬁlament direction tends to decorrelate due to
thermal ﬂuctuations) is orders of magnitude greater, ~1–10 mm [17,
18,43–45]. Thepersistence length is given by the ratio ofﬂexural rigidity
EI and thermal energy: Lp= EI/kBTwhere kB is Boltzmann's constant and
T is temperature. If we assume that the MT is isotropic and continuous,
EI can be expressed as the product of the geometricmoment of inertia, I,
which for a hollow cylinder is: π16 ðd4o−d4i Þ, and E, the Young's modulus.
The extreme stiffness of MTs provides unexpected pathways for stress
transmission, strength, and resiliency [46,47]. In contrast to most cellu-
lar and virtually all synthetic materials, MTs are nearly athermal. This
means that their contour length and end-to-end lengths are roughly
equal, leaving little to no ‘excess length’ to provide entropic stiffness
at low strain. Rather, the MT ﬁlaments themselves bend and stretch
under even small applied forces. In this rigid limit, the single-
ﬁlament stiffness and the single-molecule crosslinking properties
are critically important to determining the ability of networks to
transmit stress, and forces applied to one point can propagate over
distances much larger than a mesh size in an MT network. The
study of MT networks thus provides new insight into the role of
stiff ﬁlaments, as well as stiff bundles of semiﬂexible ﬁlaments
(i.e., actin), without the challenges of heterogeneity in bundle diam-
eter and intra-bundle interactions and compliance that make the
characterization andmodeling of networks of bundles difﬁcult. Addition-
ally, the unique properties of MTs, which are at least an order of magni-
tude stiffer than carbon nanotubes (Lp of 20–170 μm) [48] and many
orders of magnitude stiffer than lyotropic liquid crystalline polymers (Lpof 30–120 nm) [49], drives technological interest in their use in novelma-
terials [50–52].
2. Microtubule network mechanics
In vitro studies of puriﬁed cytoskeletal networks provide an excel-
lent opportunity to explore the physical principles underlying the static
and dynamic features of living matter, and have provided important in-
sight into themolecular control of force transmission in cells [53–59]. A
large number of prior studies explored entangled, crosslinked, and bun-
dled F-actin networks and have established both the importance of the
chain semiﬂexibility and the role of crosslinkers and architecture in de-
termining local and bulk mechanics [58,60–71]. More recently, efforts
have focused on mechanics of networks of MTs [47,72], as well as com-
posite networks, composed of more than one type of ﬁlament, often in
the presence of one or more crosslinking or motor proteins [58–61,
73–77]. The experimental approaches employed in these studies typi-
cally include confocal or electronmicroscopy to visualize network archi-
tecture and some form of rheological measurement to determine the
network response to applied load. Local measurements have proven
particularly useful since the network heterogeneity exists on the struc-
tural length scales of the cells, so simple coarse-grained models have
limited power. The high ﬁlament rigidity and the large pore sizes pre-
vent use of simple thermalmicrorheology tools, so activemicrorheology
approaches are favored. These studies have shown that the nearly
athermal MT networks have unique physical properties, which are im-
portant to both their role in the cellular cytoskeleton, as well as efforts
to create synthetic materials with the extraordinary properties of living
matter.
2.1. Crosslinker binding drives heterogeneous network formation
In vitro, entangledMT networks form homogeneous, isotropicmate-
rials, whereas crosslinked MT networks are heterogeneous, containing
tubulin-rich and tubulin-poor regions that span large distances and
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self-assembly is driven by a diffusion-limited aggregation (DLA), in
which heterogeneity increases with crosslinking density for rela-
tively small crosslinking densities, then the structures become in-
sensitive to crosslinker concentration [47]. Heterogeneity arises
from kinetic trapping during self-assembly, which is intrinsic to
the densely crosslinked networks, and is largely insensitive to the
crosslinker compliance. Similar structures and phenomena were ob-
served using kinetically trapped actin/ﬁlamin bundle networks,
where both the fractal dimension of the clusters and the cluster
mass distribution has been explored [69]. Homogeneous and isotro-
pic crosslinked networks are only expected at very low crosslinker
densities for most crosslinker types. Densely crosslinked actin/myo-
sin (HMM) networks appear to be exceptions, and are commonly
used as model systems for isotropic network formation [61,65,70].2.2. Entangled MT networks are soft elastic solids
Several prior studies investigated the rheological properties of
entangled networks of MTs [78–80]. The most comprehensive study
using conventional rheological approaches demonstrated that networks
of fairly short MTs (characteristic length b3 μm, approximately equal to
themesh size)were soft elastic solids and that despite the lack of chem-
ical crosslinking, these networks displayed transient attractive ﬁla-
ment–ﬁlament interactions that enhanced elasticity and suppressed
reptation-induced terminal relaxation [72]. These results were later
supported bymicrorheological measurements usingmagnetic tweezers
to perform spatially-resolved measurements of the displacements of
~5-μm beads under applied force [47]. Again, the entangled MT net-
works, now consisting of much longer ﬁlaments of ~20–25 μm, were
found to be predominantly solids that showed an instantaneous net-
work compression under application of up to ~30 pN of force, with
modest time-dependent network reorganization occurring at longer
times. When confocal microscopy was used to observe the loaded MT
networks, no obvious long-length scale ﬂow of material was observed,
suggesting that the subtle reorganization of entanglements and adhe-
sive contacts dominates the creep response. The origins of the transient
adhesive attractions are not well understood, but these may arise from
divalent crosslinking mediated by the Mg2+ ions that are required for
coordination of the GTPase activity of tubulin. Attractive interactions
have been reported for other rigid rod suspensions, for example, of
surfactant-stabilized single walled carbon nanotubes, as well as net-
works of semiﬂexible actin and neuroﬁlaments, suggesting these may
be a common feature of rigid and semiﬂexible ﬁlament systems [72,
81–86].
Under microscale loading, the entangled MT networks exhibited an
extended linear regime, with modest strain stiffening at high strains,
above ~70% [47]. Although strain stiffening has been observed for
many biopolymer networks, it is usually attributed to an entropic-to-
enthalpic transition that is not possible in the rigid MTs [63]. Instead,
it is possible that for large localized forces, there is an accumulation of
ﬁlaments in front of the bead that increases the local polymer concen-
tration and leads to a nonlinear increase in stiffness. The threshold
force associated with the onset of stiffening is ~15 pN, a modest force
that could easily be applied by a small number (~3–4) of kinesinmotors
in vivoduring cargo transport ormitosis, suggesting this effectmay have
physiological relevance. An accumulation of ﬁlaments under load was
previously reported in magnetic-bead basedmicrorheometry measure-
ments of entangled actin networks [87]. However, the actin remodeling
led to strain softening and force-induced network ﬂuidization, suggest-
ing that unlike MT gels, entangled actin networks cannot support large
stresses without some form of crosslinking. Strain softening was also
observed in a suspension of very short MTs, with a characteristic length
approximately equal to the mesh size, for strains above ~10% [72]. This
suggests that strain-induced stiffening require either long MTs that canform truly entangled gels or the application of localized stresses that can
lead to the microscale reorganization and densiﬁcation of the network.
2.3. Crosslinked MT networks are stiffer, stronger, and dominated by
crosslinker kinetics
When a modest number of crosslinks are introduced, there is an in-
crease in gel stiffness and suppression of strain-stiffening, although
long-time network rearrangement is still observed, and the length
scale of penetration of the deformation ﬁeld is substantially increased.
This suggests that long range stress transmission can be controlled by
inclusion of a small number of crosslinking bonds, and that even sparse
connections between ﬁlaments can play an essential role in regulating
cell mechanics.
When networks are highly crosslinked using rigid streptavidin–
biotin (S–B) bonds, they respond very differently to applied force, be-
coming highly nonlinear as a small number of crosslinkers bear stress
until they are loaded to failure [46]. In such rigidly-bonded systems
the time-dependent network rearrangements are directly linked to
the force-induced unbinding of crosslinkers causing the creep velocity
to increase exponentially with force [88]. Surprisingly, the network re-
tains its elastic modulus even under conditions of signiﬁcant plastic
ﬂow. This suggests that crosslinker breakage is balanced by the rapid
formation of new bonds, and is perhaps one origin of microscopic self-
healing in the cytoskeleton.
The elastic energy is dissipated partially through unbinding/re-
binding events as indicated by small unrecovered displacement when
the force is removed. However, this displacement is equal to or smaller
than the distance moved in the creep regime, which is inconsistent with
simple models of dissipation arising from hydrodynamics or ﬁlament
contour ﬂuctuations. The lack of dissipative mechanisms is also apparent
in loading history tests. It is likely that the long persistence length of the
MTs drives the network back to its initial conﬁguration, even when indi-
vidual bonds have been broken at high force. Themodel that emerges for
such rigidly-bonded rigid ﬁlaments is one of a reconﬁgurable, but domi-
nantly elastic network (Fig. 2). In this limit, individual bonds can be load-
ed to failure, but the energy stored in those bonds can be transferred to
neighboring intact bonds, allowing the network tomaintain its elastic na-
ture, and minimizing the loss of mechanical information to the thermal
bath. This contrasts with most simple pictures of soft gel mechanics, in
which creeping ﬂow is assumed to arise from viscous dissipation and
the distance moved during this ‘ﬂow’ regime is assumed unrecoverable
when the loading force is removed. In rigid MT networks, the lack of dis-
sipation and ability for dynamic bonds to reform even in the presence of
plastic deformation allows for resiliency and fatigue-resistance that is
rarely observed in synthetic soft materials.
The importance of single-ﬁlament mechanics and single bond break-
age events to network rheology has previously been shown for isotropic
actin gels [61,70], suggesting that modulation of ﬁlament and crosslinker
properties is a robustmeans of controlling polymermechanics. Reversible
stress softening has also been observed in dendritic actin networks and in
that case was attributed to the reversible Euler buckling of individual ﬁl-
aments under compression [89]. For MTs in highly crosslinked networks,
buckling requires extremelyhigh forces (~1–100nN),whichwerenot ex-
perimentally accessible, and are well-beyond the internal forces experi-
enced by most cells. Thus, it is unlikely that buckling plays an important
role in the rheology of highly crosslinked MT networks. Instead, the
crosslinker unbinding and rebinding kinetics control the timescales of
rearrangements, and the crosslinker compliance controls the strain to
failure, which in turn controls the volume of engaged ﬁlaments near the
bead and the overall network strength.
3. Single ﬁlament microtubule mechanics
It is clear from the network mechanics studies that the extreme
rigidity of single MTs is essential to the fatigue resistance and self-
Fig. 2. Schematic of typical force loading curve and network rearrangements. A typical force–displacement curve for a crosslinkedMT network. Under sudden application of force, the net-
work responds elastically, then at longer times, a ‘creeping ﬂow’ regime is seen where displacement increases linearly with time. For rigidly-crosslinked MTs, the bead speed is directly
related to the crosslinker unbinding time, and only a small number of bonds are loaded to failure to allow local yielding of the material. In contrast to viscous systems, the stored energy
that is lost during bond rupture can be transferred to other intact bonds, minimizing total dissipation and promoting fatigue resistance and resiliency.
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is an active area of research, and numerous experimental and com-
putational studies have investigated structural origins of MT ﬁlament
mechanics. Yet many questions still remain about the molecular
determinants of individual ﬁlament stiffness, and in particular how
stiffness is controlled by small molecule inhibitors of MT dynamics
(i.e., taxane and epothilone compounds) as well as MT-associated
proteins (MAPs).
3.1. Structural understanding of MTs
Electronmicroscopy has long been used to determine the structures
of tubulin and microtubules [90]. The structure of dimeric tubulin
has been solved at atomic resolution [91], and although cryoelectron
microscopy has not yet elucidated the polymer structure to atomic res-
olution, it has been possible to dock the known tubulin structure into
lower resolution polymer data in order to recreate the microtubule
structure [92–94]. Small angle X-ray scattering (SAXS) has been used
tomeasure structural features including the regulation of protoﬁlament
number by the MT-associated protein tau [95], as well as the effects
of small-molecule inhibitors of dynamic instability (i.e., the taxane
compound paclitaxel) on interprotoﬁlament interactions [96]. Both
methods typically require averaging over many static ﬁlaments, pre-
cludingmeasurement of heterogeneities, andmaking it nearly impossi-
ble to measure dynamic, time-resolved changes in MT structure. More
recently, atomic force microscopy (AFM) has been used to measure
the diameter of bare MTs as well as MTs decorated with tau or kinesin
[97]. High-speed AFM methods may have the time-resolution to mea-
sure dynamic changes in structure, although to our knowledge these
have not yet been reported [98]. It has been shown that in growing mi-
crotubules the protoﬁlaments follow a straight line (which can in turn
rotate around the ﬁlament axis due to a small helical pitch), but in
depolymerizing microtubules the protoﬁlaments curl outward, provid-
ing structural evidence for dynamic instability [99,100]. Other work
comparing the conformation of tubulin dimers bound to either the
non-hydrolyzable GTP analog GMPCPP or the post-hydrolysis GDP fur-
ther support this by showing that the GTP hydrolysis state is the deter-
mining factor of protoﬁlament curvature [101]. A recent study
investigating the effects of post-translational modiﬁcations of tubulin
found no gross changes in theMT structure for deacetylated or acetylat-
ed microtubules, suggesting the acetylation must impart a very local
change in the tubulin dimer that may be important for some biological
processes but not overall shape and organization [102]. Despite the
high spatial resolution of many of these tools, the inability to measure
dynamic structural changes makes it particularly difﬁcult to measure
the unique and dynamic structural properties of the growing microtu-
bule plus-end, as well as the action and binding of numerous MT-
associated proteins, both of which are essential to numerous biological
functions [103].3.2. Methods to determine microtubule stiffness
Generally speaking, it is difﬁcult to connect MT structure to the me-
chanical and assembly properties of MTs. However, there have been
several successful attempts to do so. A three-dimensionalmodel that in-
corporated the stress and strain of the protoﬁlament conformations in
the GMPCPP and GDP cases successfully recapitulated structure, poly-
merization rates, and depolymerization rates at the plus-end [104].
Additional all-atom simulations have also connected MT structures to
continuum mechanics models [105]. Experimentally, MT ﬂexural rigid-
ity is typically measured by applying known forces to bend MTs and
measuring the resulting curved conformation (Fig. 3). Active bending
has been achieved using optical trapping [106–108] or ﬂow [109]. One
novel method used microfabricated barriers to deﬂect the growing
end of a singleMT polymerized from the end of an axonemeheld steady
in a keyhole optical trap [110]. This method is unique in its ability to
measure the stiffness and force production of MTs that are dynamically
growing. A common alternative is to observe the passive bending of the
microtubule in solution due to thermal forces. This method, which re-
quires only visualization, not application of force, was ﬁrst introduced
in 1993 [18] and has subsequently been used bymany others (reviewed
in [17]) to measure biopolymer stiffness. In most implementations the
ﬁlament contour is traced in every frame of a movie of a thermally-
excited,ﬂuctuatingMT. The spectral components of the contours are es-
timated (typically using a Fourier series expansion), and a mechanical
model (e.g., worm-like chain) is used to determine the stiffness from
the variance in the spectral components from the ensemble of images.
While straightforward, this approach can be limited by high back-
ground noise, small ﬂuctuation amplitudes, and stochastic ﬂuctuations
in the ﬂuorophore labeling density that lead to errors in the analysis. Er-
rors can be reduced by combining the ﬁrst and second steps into one by
using a global ﬁtting routine that expresses the entire contour using the
same spectral basis used in the variance analysis [44]. Use of Chebyshev
polynomials to represent the contour rather than a Fourier series
removes the need for periodic boundary conditions, further improving
the analysis. Together, these improvements reduce image analysis er-
rors to less than ~10% for typical image quality [44]. We recently ex-
tended this type of analysis to investigate heterogeneous ﬂexural
rigidity, using a sliding window method to resolve spatial differences
in stiffness within a single MT [45]. Although the spatial resolution is
limited (the smallest reasonable window was ~25% of the contour
length), this is the ﬁrst non-contact method to allow stiffness heteroge-
neities to be measured.3.3. The challenges of measuring MT stiffness
Various methods of determining microtubule ﬂexural rigidity have
been employed by a number of groups, and a comparative analysis of
Fig. 3.Methods for determiningmicrotubule stiffness. Optical trapping is used to exert forces (represented by black arrows) onmicrometer diameter spheres that have been attached to a
stabilizedmicrotubule in several ways: (a) a moderate outward force induces a curvature in themicrotubule, while at a larger outward force (b) the curvature ismostly at the attachment
points. (c) Similarly an inward force will cause curvature and eventually buckling of themicrotubule. This can be a useful measure of the failure limit of a microtubule under compressive
load. (d)Multiple optical traps can be used to exert force on an axoneme directing it against microfabricated barriers. Force generation during polymerization can then bemeasured. (e) A
known force due to ﬂuid ﬂow can be applied to a microtubule and the induced curvature can be used to determine microtubule stiffness. (f) Many images of microtubule thermal ﬂuc-
tuations can be captured and ﬁlament tracing used to determine an ensemble of microtubule conformations, which then can be used to calculate ﬁlament stiffness.
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stiffness is sensitive to a large number of parameters: tubulin source
[111], polymerization rate [112], presence of GTP or GTP analog [113,
114], small molecule stabilizers [114–119], andmicrotubule associating
proteins (MAPs) [95,97,113,114,120–122]. While there appear to be
consistent stiffness values reported within a particular research group
for a ﬁxed condition, the values vary signiﬁcantly among different labo-
ratories, even under seemingly similar MT preparation conditions. This
is an issue that has yet to be entirely resolved.
There are additional issues that make MT stiffness quantiﬁcation
challenging. For a particular MT preparation, the experimental values
of stiffness reported, even by a single laboratory, show a broad and
non-Gaussian distribution [114,119], which some groups have de-
scribed as log-normal [111]. The distribution is typically wide, with as
much as an order of magnitude variation from maximal to minimal
values, much larger than the errors expected from the image processing
and spectral analysis steps, which have been estimated to be less than
10% [44]. This suggests that the variation is due to actual heterogeneity
of MTs within a preparation. It is known that protoﬁlament number
varies slightly among MT ensembles, mostly varying between 12–14
for typical conditions, although in some chemical preparations values
as high as 17 or as small as 9 have been observed [117]. Since EI is
proportional to d 4, this diameter variation could account for some of
the observed variations in stiffness. There is also a broad distribution
of microtubule lengths, so any coupling between length and stiffness
could contribute to the stiffness variations. Although most studies
have not reported a correlation between length and stiffness, there are
examples of contour length-dependent stiffness [123]. Finally, it is pos-
sible that theMTs possess defects such as dislocations ormissing dimers
that could lead to unexpected and large variations in their mechanical
properties. For most in vitro preparations, MT growth and shrinkage dy-
namics are suppressed through the use of small molecule stabilizers
such as paclitaxel. Such stabilizers may also maintain partially deterio-
rated or misassembled microtubules causing a change in overall stiff-
ness [102]. It has further been shown that MT stiffness decreases
when the rate of polymerization is increased [112]. One interpretation
of this result is that rapidly formed structures tend to havemore defects
which reduce their stiffness and strength.
It has not yet been possible to measure the stiffness of dynamic MTs
in vivo, so the presence and importance of the variation ofMTproperties
within cells and tissues is not known.However, from in vitro studies, it is
clear that the single ﬁlament stiffness can be very sensitive to polymer-
ization conditions and the presence of MT-associated proteins (MAPs),
and it is very possible that cells use the regulated modulation of singleﬁlament properties to control stress transmission within the
cytoskeleton.
3.4. The effects of small molecule inhibitors of tubulin depolymerization on
MT mechanics
Although the origins of intrinsic variation inMT stiffness under seem-
ingly identical conditions are not fully understood, there are many prep-
aration conditions in which the population average for MT stiffness
shifts signiﬁcantly, and this has allowed the effects of nucleotide condi-
tions and small molecule inhibitors to be quantitatively assessed.
GTP is the natural tubulin nucleotide and is most commonly used in
in vitro assays, but there are also several nonhydrolyzable or slowly-
hydrolyzable GTP analogs, such as GMPCPP and GTPγS, which allow
the effects of nucleotide type on MT mechanics to be investigated. MT
inhibitors, such as paclitaxel, have medical use as cancer chemothera-
peutics, since they arrest dynamic depolymerization and therefore in-
hibit mitosis. But, they are also implicated in chemotherapeutic
peripheral neuropathy (CIPN), in which patients experience severe
nerve pain which often requires them to reduce or discontinue treat-
ment. Since MTs are enriched in neural tissue, particularly in the nerve
axon, there is much interest in understanding what role paclitaxel
may play in non-mitotic, MT-rich cells. Paclitaxel is also frequently
used for in vitro studies to prevent MT disassembly.
Studies have consistently shown that when MTs are polymerized
with GMPCPP they are ~3× stiffer as compared to GTP-polymerized
MTs stabilized with paclitaxel [17,113,114]. Unlike GTP-polymerized
microtubules, GMPCPP-polymerized microtubules are stable with or
without paclitaxel, presenting an opportunity to test the effects of pac-
litaxel on MT mechanics. One study tested addition of paclitaxel to
GMPCPP-MTs after polymerization and found no change in stiffness
[113]. Another study conﬁrmed this result while also ﬁnding that when
paclitaxel is present during polymerization of GMPCPP-microtubules,
the stiffness is signiﬁcantly reduced to nearly half that of the no paclitaxel
case, showing that even order of addition (during or after polymerization)
is an important factor affectingmicrotubuleﬂexural rigidity [114]. GTPγS-
polymerized microtubules are less stable than GMPCPP-microtubules so
paclitaxel is generally included for stabilization. The stiffness of GTPγS-
polymerized microtubules (in the presence of paclitaxel) has been
found to be comparable to the stiffness of GTP-polymerizedmicrotubules
[113,114].
Another set of small molecule stabilizers and chemotherapeutic
compounds, epothilone-A and -B, are known to have an overlapping tu-
bulin binding site with paclitaxel [124]. When MTs were formed with
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epothilone-Bwas used, the reductionwas 40% as compared to paclitaxel
stabilized MTs [119]. This is surprising considering that epothilone sta-
bilized microtubules have been found to have a slightly larger average
number of protoﬁlaments [125], which would favor a stiffer microtu-
bule. If and how these changes in the stiffness of individual MTs impact
biological function in neuronal cells andwhether these changes are tied
to CIPN remains an important open question.3.5. How do MAPs affect microtubule stiffness?
Microtubule associating proteins (MAPs) are also important for reg-
ulation of microtubule dynamics and function, andMAPs can alsomod-
ulate MT network organization to control long-term transmission of
stress. Among MAP proteins, the most well-studied is tau, a neuronal
MAP that promotes MT stability, and whose dysfunction has been
linked to numerous neurodegenerative diseases [126]. Only one study
so far reported Lpwith tau present during polymerization (before stabi-
lizationwith paclitaxel) and found that it had a large stiffening effect, in-
creasing Lp by a factor of four, while adding tau after polymerization
resulted in no signiﬁcant stiffening [113]. Another study looked at the
effects of 3R and 4R tau added post-polymerization on paclitaxel or
epothilone stabilized microtubules, and found ~30–40% reduction in
stiffness when paclitaxel or epothilone-A were used, but very little
change in stiffness for epothilone-B-stabilized MTs, which suggests
that different types of stabilizers can induce different, possibly synergis-
tic effects [119]. The third study, added tau post-polymerization aswell,
but did not include paclitaxel at all. This group found that many differ-
ent tau constructs all independently increased microtubule stiffness
compared to tau-free microtubules [120]. The likely resolution to this
apparent discrepancy is that tau can stiffenmicrotubules in the absence
of paclitaxel, and that addition of paclitaxel after tau does not have any
further effect. However, when paclitaxel is added ﬁrst, it ‘locks-in’ the
microtubule stiffness and the subsequent addition of tau can no longer
cause stiffening. Again, this is an ‘order of addition’ effect, similar to
that observed when GMPCPP and paclitaxel are both used to stabilize
MTs in the absence of MAPs. The emerging rule of thumb is that the sta-
bilizer that acts ﬁrst wins, and that addition of subsequent stabilizers
have little or no effect on stiffness.
Another particularly interestingMAP is EB1, which speciﬁcally binds
to the growing plus-end of microtubules. EB1 acts as amaster coordina-
tor of the activity of numerous otherMAPs at the dynamic plus-end, and
is implicated in spindle assembly and misregulated in several cancers
[127]. Studies have indicated that EB1 targets the plus-end by recogniz-
ing the GTP hydrolysis state of tubulin, and moreover that when
nonhydrolyzable GTP analogs are used to form the MTs, EB1 will bind
along the entire ﬁlament length [128]. This allows synthesis of homoge-
neous EB1-coated MTs of ﬁxed, static length and enables mechanical
measurement of the effects of EB1 on MT stiffness. Using thermal anal-
ysis of EB1-coated MTs, we recently showed that the addition of EB1 to
GMPCPP microtubules stiffens the MTs in a concentration dependent
manner, doubling the persistence length at 200 nM EB1 (13.1 mm) as
compared to the value for GMPCPP microtubules lacking EB1
(6.7 mm) [114]. When both GMPCPP and paclitaxel were used to stabi-
lize the MTs and then EB1 added, this EB1-dependent stiffening effect
was abolished, even with 500 nM EB1 in solution. This suggests that
when paclitaxel is present, it suppresses the ability of EB1 to subse-
quently act on the tubulin and MT structure. Equilibrium EB1-binding
measurements ruled out the possibility that less EB1 bound in the pres-
ence of paclitaxel, so the differences in mechanical response arise from
differences in the pattern or strength of the binding, rather than a
change in the overall concentration. This has important implications
for the use of paclitaxel both as a chemotherapeutic and in biophysical
measurements, and suggests caution when using paclitaxel to investi-
gate MAP function.Several otherMAPs have also been tested for their ability to altermi-
crotubule stiffness. XMAP215 increases the rate of microtubule poly-
merization by an order of magnitude and inhibits destabilization of
the plus-end by another MAP, XKCM1. The analysis of the thermal
bending ﬂuctuations of XMAP215-coated MTs using images obtained
by video-enhanced DIC microscopy, demonstrated that XMAP215 did
not change microtubule stiffness, despite reducing the curvature of tu-
bulin protoﬁlament rings. This work was done without paclitaxel stabi-
lization [121]. MAP4 is somewhat analogous to tau, except that it is not
neuron-speciﬁc, rather it is expressed ubiquitously in many tissues. A
recent study showed that MAP4 does not change the meanMT stiffness
in the presence of taxol. It does, however, reduce the ﬁlament-to-
ﬁlament stiffness variation; the width of the measured distribution
was roughly half that of MTs polymerized without MAP4 [113]. A
study using hydrodynamic ﬂow to actively bend taxol-free MTs and
characterize their stiffness found thatMAP65, a microtubule crosslinker
(bundler) reduces microtubule stiffness by a factor of four. Surprisingly,
they also reported that MAP65-coated microtubule bundles had the
same mean persistence length regardless if they consisted of two or
three microtubules [122].3.6. What are the possible mechanisms for stiffness change?
There are clearly numerous factors that affectmicrotubule Lp (Fig. 4).
Various studies have reported instances where either small-molecules
or MAPs can increase, reduce, or not affect microtubule ﬂexural rigidity.
In principle, this inventory of MT interactions should provide a mecha-
nistic understanding of how stiffness is altered and regulated, but in
practice thesemeasurements can be very difﬁcult to interpret and com-
pare. This limits our ability to understand how cells maymodulate local
stiffness to enhance or suppress force transmission.
If we assume that a microtubule can be reasonably approximated as
a homogeneous hollow cylinder, there are two possiblemechanisms for
changing ﬂexural rigidity, EI, which in this limit is given by the product
of the Young's modulus and the geometric moment of inertia. The
Young's modulus, E, is changed by altering material properties. In the
case of MTs this could be achieved through changes in the inter- and
intra-protoﬁlament interaction energies. By contrast, the geometricmo-
ment of inertia, I, is altered by changing the shape, and particularly, by
changing the inner or outer diameter. Given the fairly large MT lattice
constant (~8 nm) and MT surface roughness, it is not obvious that
such a continuum model would be useful. However, a recent report
using data from ensemble-averaged cryo-electron micrographs of MTs
consisting of 11–16 protoﬁlaments to build pseudoatomic models of
their structure, found that inter-protoﬁlament interactions are relative-
ly unchanged between microtubules of differing protoﬁlament number
[93]. This suggests that E and I may be truly separable components of
microtubule mechanical stiffness, and that continuum modeling is
sufﬁcient.
Thedifferences in Lp betweenmicrotubules polymerizedwithGTP or
GMPCPP likely have contributions from changes in both E and I. We
know from cryoelectron microscopy studies that GMPCPP-bound
protoﬁlaments have a straight conformation and GDP-bound proto-
ﬁlaments (that comprise the majority of a microtubule polymerized
with GTP-tubulin) have a curved conformation which would change
the internal stress of the microtubule and could alter E [101]. Fur-
ther details come from a cryo-EM study of the differences in
interprotoﬁlament interactions of GTP-taxol and GMPCPP polymer-
ized microtubules. It found an additional lateral interprotoﬁlament
contact in GMPCPP microtubules that likely increases E, explaining
the larger stiffness of those microtubules [129]. Additionally,
GMPCPP-polymerized microtubules have a different distribution of
protoﬁlament numbers. While polymerization with GTP-tubulin (with-
out paclitaxel) leads to a roughly even split between 13- and 14-
protoﬁlament microtubules, for GMPCPP-MTs, nearly all (96%) of the
Fig. 4.Mechanisms for stiffness change in microtubules. (a) MAPs (microtubule associating proteins, represented as green ellipses) bind to lattice surface and increase effective outer di-
ameter. (b) Increase in protoﬁlament number increases both inner and outer diameters. (c)Microtubule lattice defects decrease effective Young's modulus. (d) Polymerziation conditions
or MAP binding can affect intra- and inter-protoﬁlament interactions changing the overall Young's modulus. (e) Nucleotide state of the tubulin dimers (GTP or GDP) changes the
protoﬁlament curvature which affects the internal stress of a polymerized microtubule.
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radius increases I, leading to an increase in Lp.
Studies on paclitaxel-stabilized microtubules also show a change in
intraﬁlament interactions, whichwould impact E. Large-scalemolecular
simulations of paclitaxel binding have shown increased ﬂexibility
where β-tubulin binds to the α-tubulin of the next tubulin dimer,
resulting in a relaxation in internal stress due to GTP hydrolysis [115].
High resolution cryo-electron microscopy structures have also shown
that paclitaxel-polymerized microtubules have a similar structure to
GMPCPP-polymerizedmicrotubules, leading to the same reduction in in-
ternal stress [92]. Another study of protoﬁlament curvature using atomic
force microscopy found that both GMPCPP protoﬁlaments and taxol-
stabilized protoﬁlaments had less curvature thanGDP protoﬁlaments, an-
other piece of data conﬁrming the change in intraﬁlament interactions.
Microtubules polymerizedwith paclitaxel have been found to have an av-
erage protoﬁlament number of 12, smaller than without paclitaxel [130].
Surprisingly, it has been shown that even prepolymerized microtubules
will, on average, lose one protoﬁlament after the addition of paclitaxel
[131], suggesting a dynamic arrangement of the microtubule lattice
along the entire length, not only at the ends.
The detailedmechanisms explaining howMAPs changemicrotubule
stiffness are so far largely unknown. Tau has been found in a SAXSmea-
surement to increase the diameter of themicrotubules themselves even
at low tau:tubulin binding stoichiometry [95]. At such low binding stoi-
chiometries, many tubulin dimers remain unbound to tau, yet there is
still an overall increase in diameter. A study of microtubule steady-
state dynamics also showed strong tau effects at low tau:tubulin stoichi-
ometries [132]. These studies suggest that tau may have an allostericeffect on the microtubule, affecting a structural or mechanical change
over many tubulin dimers. Polymerization of microtubules in the pres-
ence of Mal3, a yeast homolog of EB1, yields almost exclusively 13
protoﬁlament microtubules, and showed a slightly different arrange-
ment of tubulin dimers [133], revealing that EB1 changes intra- and
inter-protoﬁlament interactions to some degree. The presence of both
geometric and energetic differences may explain why the distribution
of MT stiffness is similar in the presence and absence of EB1, despite
the reduction in protoﬁlament number variation. It was also deter-
mined that EB1 can induce MT stiffening at low EB1:tubulin binding ra-
tios, perhaps indicating the possibility of allosteric interactions similar
to tau [114].
3.7. Future directions and new frontiers
Onemajor remaining challenge in understanding force transmission
in the MT cytoskeleton is the role of dynamics on mechanics and force
transmission. It is clear that molecular interactions, including binding
of ﬁlaments by MAPs and crosslinking proteins, can dramatically alter
ﬁlament and network properties. However, it is becoming increasing
clear that such binding interactions are frequently short-lived, and it is
unclear to what extent these interactions can or do play a role in the
steady state behavior of the system [134,135]. New super-resolution
microscopy methods or ultrafast AFM imaging may allow the dynamic
motions of MTs and their binding partners to be assessed with better
spatial and temporal precision, and may allow better predictive models
of the dynamic MT structure to be put forward. Dynamic rearrange-
ments of MTs are also driven by motor proteins and/or by the growth
3022 B.J. Lopez, M.T. Valentine / Biochimica et Biophysica Acta 1853 (2015) 3015–3024and shrinkage of the ﬁlaments themselves. For active ATP-driven
kinesin systems, very complex patterns of MT organization have been
observed. Kinesin-driven pattern formation depends sensitively on
component concentration: at low concentrations of tubulin, vortices, as-
ters, or bundles of MTs form at low, intermediate or high kinesin con-
centrations, respectively [136]. The effects of these ATP-driven motors
on network mechanics is not known, although a better understanding
of the role of motors in generating and transmitting forces within cells
is essential, particularly in studying the mechanics and strength of the
mitotic spindle. Finally, nearly all mechanical measurements of both
individual MTs and entangled and crosslinked networks have been per-
formed on MTs stabilized with some form of small molecule inhibitor,
leaving open important questions about how dynamic instability itself
may lead to novel pathways for stress transmission and athermalﬂuctu-
ations within cells.
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